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ABSTRACT: Polarized Raman microspectroscopy and
atomic force microscopy were used to obtain quantitative
information regarding the molecular structure of individual
diphenylalanine (FF) nano- and microtubes. The frequencies
of the Raman spectral bands corresponding to the amide I
(1690 cm−1) and amide III (1249 cm−1) indicated that the FF-
molecules interact by hydrogen bonding at the N−H and not
at the CO sites. The calculated mean orientation angles of
the principal axes of the Raman tensors (PARTs) obtained
from the polarized Raman spectral measurements were 41 ±
4° for the amide I and 59 ± 5° for amide III. On the basis of the orientation of the PART for the amide I mode, it was found that
the CO bond is oriented at an angle of 8 ± 4° to the tube axis. These values did not vary significantly with the diameter of the
tubes (range 400−1700 nm) and were in agreement with the molecular structure proposed previously for larger crystalline
specimens.

■ INTRODUCTION
Self-assembly of molecules is a powerful technique for the
engineering of nanoscale materials. This so-called bottom-up
approach exploits molecular recognition patterns based on a
balance between thermodynamic and kinetic processes. Bio-
logical molecules, such as peptides, are ideal building blocks for
designing nanostructures by self-assembly because of their
specific molecular recognition patterns and the opportunities to
manipulate them for specific functions. Here we consider the
structures formed by one of the most versatile self-assembling
peptides, diphenylalanine (L-Phe-L-Phe, FF). This dipeptide can
be used as a building block for fabrication of biocompatible
nanostructures with various forms (such as nanotubes and
spherical constructs) with defined chemical and physical
properties. On the basis of these unique features, such as
mechanical rigidity,1 thermal stability,2 and biocompatibility,
recent reports have proposed the use of FF-based nanostruc-
tures for biosensing, bioimaging, drug delivery, and 3D tissue
culture scaffolds.3 Whereas self-assembly is also responsible for
many biological structures important for the normal function-
ality of healthy cells (lipid membranes and DNA), aberrant
aggregation of proteins and peptides can lead to pathological
conditions such as neurodegenerative diseases. The dipheny-
lalanine peptide is itself the core recognition motif for self-
assembly of the β-amyloid peptide associated with Alzheimer’s
disease.4

Although these FF-based nanostructures have been used
extensively, experimental data regarding their structural
organization and the molecular mechanisms involved in their
formation from direct measurements on individual nano- or
microtubes is still absent. Investigations of individual FF
nanotubes have been carried out by various techniques, focused
mainly on physical properties such as stiffness and strength5

and thermal stability.6 The molecular organization of self-
assembled FF nanotubes was proposed based on a series of
theoretical and X-ray diffraction (XRD) measurements carried
out on needle-shaped crystals (not tubes) with dimensions 550
× 26 × 24 μm and FF powder.7−11 On the basis of these
experimental results, the individual FF nanotubes were
proposed to consist of an aggregation of hollow tubular
channels with water molecules positioned on the inside. Each
individual FF channel is formed by stacking of ring-like
structures of six molecules of zwitterionic FF (+H3N-Phe-Phe-
COO−) where the adjacent molecules interact by head (NH3

+)-
to-tail (COO−) hydrogen bonds and the side-chain aromatic
rings form a 3-D stacking. However, one of the difficulties when
extrapolating information obtained from measurements on
ensembles or macroscopic samples is that the FF nanotubes
usually show a broad distribution in the diameters, which may
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result from different assembly pathways and hence, alternate
molecular structures. Such diverse structural organization may
be lost in the averaging related to X-ray diffraction analysis.
Therefore, the proposed model based on X-ray diffraction data
has not yet been scrutinized by any direct experimental
observation on an individual nano- or microtube level.
Polarized Raman microspectroscopy can provide detailed

information on molecular conformation together with
orientation of the molecular bonds in a sample.12−15 This
technique has been used to study the structural organization in
many types of materials, including inorganic nanotubes,16,17

polymers,18 and proteins.19−22 The orientation of molecular
bonds contributing to a vibrational mode of a molecule within a
rigid matrix can be determined from polarized Raman
spectroscopy measurements.12 Details of the analytical method
used in this study are included in the Supporting Information.
In this study, we have used polarized Raman spectroscopy

measurements to investigate the molecular interactions and
structure directly at a single FF nano- and microtube level. After
the band assignment was completed by comparing the
experimental spectra with the bands calculated by the density
functional theory (DFT), simultaneous polarized Raman
microspectroscopy and atomic force microscopy (AFM)
measurements were used to determine the orientation of the
amide bonds and the level of hydrogen bonding for FF nano-
and microtubes with diameters in the range of 400−1700 nm.

■ EXPERIMENTAL SECTION
FF Nano- And Microtubes. All peptide solutions were prepared

by initially solubilizing lyophilized L-diphenylalanine (FF) peptide
(Genosphere, France) in 1,1,1,3,3,3-hexafluoro-2-propanol (HFIP)
(Sigma Aldrich) to give a stock solution of 100 mg/mL. Stock
solutions were further diluted to a working concentration of 2 mg/mL
using ultrapure water (pH 7, resistivity 18.2 MΩ cm). Peptide
solutions were vortexed mixed for 15 s to ensure complete dispersion
and mixing of the sample in each stage of the preparation. A drop of
the above solution was placed onto clean quartz coverslips and dried in
a vacuum desiccator for ∼1 h at room temperature.
Raman Spectroscopy Measurements. The instrument used in

this study consisted of an in-house polarized Raman micro-
spectrometer based on an inverted optical microscope and integrated
atomic force microscope, which was described in detail elsewhere.23

For the polarized Raman spectroscopy measurements, a Glan-
Thompson polarizer, serving as an analyzer, was placed in front of
the spectrometer slit to allow the selection of a particular polarization
direction for the Raman scattered light. A quarter-wave plate was
introduced for scrambling the polarization of the collected light after
the analyzer. The polarization directions of the excitation laser were
selected by using a half-wave plate placed in the laser path. Correction
factors of each polarization configuration were obtained from the
polarized Raman measurements of carbon tetrachloride (CCl4). A
total of 12 FF tubes were investigated with 12 sets of polarized Raman
spectra acquired from each tube. The set of polarized spectra consisted
of four spectra (ZZ, ZX, XZ, XX) obtained with different polarization
configurations (shown in the inset drawing in Figure 2). The first
index denotes the laser polarization, and the second index represents
the direction of the analyzer, while the excitation laser and the Raman
backscattered radiation propagated in the Y direction. For each FF
nanotube, polarized spectra were acquired from five positions at 3 μm
step size. For all measurements, the nanotube axis was aligned along
the Z direction. Each spectrum was acquired at 10 mW laser power
with 10 s of acquisition time. To ensure that the laser did not induce
damage to the nanotubes or changes in the Raman spectra, a singular
value decomposition (SVD) analysis was carried out on 20 consecutive
Raman spectra measured at single points of the nanotubes at 2 mW
and 20 mW laser power and integration times of 50 and 10 s per
spectrum. The SVD analysis indicated that the spectra can be

described by a single significant singular value demonstrating that the
consecutive Raman spectra were identical within the noise level
(Supporting Information, Figure S2).

Theoretical Calculation. The geometry optimization and the
Raman spectrum were computed using the Gaussian 09 software
package24 by using DFT with B3LYP hybrid exchange-correlation
functional.25,26 For the expansion of the orbitals, the 6-31++G(d, p)
splitting valence basis set with diffuse and polarization functions was
used. The input molecule was taken from the crystallographic data
reported by Görbitz.7 Given the unusual conformation of the FF
molecule, dihedral angles constraints were imposed to maintain the
arrangement of the molecule. A geometry optimization calculus was
performed in water solvent using the conductor-like polarizable
continuum model (CPCM) method.27 After geometrical optimization,
a frequency calculation was performed to predict the Raman spectrum
of the molecule. Prior to comparing the calculated vibrational
frequencies with the experimental counterparts, the former were
scaled by appropriate scaling factors.28 The observed experimental
bands were assigned by visual inspection of the vibrations using the
animated feature of the Gauss View 4.1 program, considering both the
frequency sequence and intensity pattern and by comparisons with the
vibrational spectra of similar compounds.

■ RESULTS AND DISCUSSION
Band Assignment and Hydrogen Bonding. Figure 1

presents the unpolarized Raman spectrum of a typical FF

nanotube and the theoretical calculated spectrum for the FF
molecule in water. The very close agreement between the
shapes (band positions and relative intensities) of the two
spectra supports the proposed conformation of the FF
molecules in which the phenyl side chains are located on the
same side of the plane defined by the peptide bond.7 However,
differences in the band frequencies of ∼10−20 cm−1 were
noticed, which can be attributed to the different conditions of
the FF molecules within the nanotubes compared with those
considered within the solvation model of the theoretical
calculation. Considering these differences, only the shape and
intensity pattern of the Raman bands in the theoretical
spectrum were used for the assignment of the experimentally
observed bands.
This assignment was confirmed by the theoretical spectrum,

which showed a band at 1655 cm−1 dominated by the carbonyl
CO stretching with a lower contribution of C−N stretching.
It is interesting to note that the 1690 cm−1 band appears at a
rather high frequency compared with other dipeptides.29 This

Figure 1. Typical measured Raman spectrum of a FF nanotube and
the theoretical spectrum calculated by Gaussian09.
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high-frequency amide I band indicates that the dipeptides do
not interact by hydrogen bonding at the carbonyl group. For
the isolated CO bond, the amide I band is found around
1700 cm−1; hydrogen bonding significantly affects the charge
distribution and bond length, which results in a frequency
downshift of up to 33 cm−1.30 It has been showed that
hydrogen bonding at the N−H side can also affect the length of
the CO and thus shift the frequency of the amide I band.
However, the shift caused by hydrogen bonding at the N−H is
significantly lower than when the hydrogen bonding is at the
CO sites.30 The decrease in the electron density at the
peptide hydrogen due to hydrogen bonding at N−H increases
the charge density at the other peptide atoms. This
redistribution of the charge density can lead to an increase in
the CO bond of ∼37% compared with when the hydrogen
bonding is at CO site and thus a downshift the amide I band
of only ∼10 cm−1.30 Therefore, the 1690 cm−1 frequency of the
amide I band is consistent with hydrogen bonding at the N−H
and no hydrogen bonding at CO, in agreement with the
proposed structure of the FF nanotubes.7,10 Figure 2 presents
the AFM images and the polarized Raman spectra correspond-
ing to typical FF nanotube (400 nm diameter) and microtube
(1443 nm diameter) (tube heights as measured by AFM). For

both tubes, the amide I bands exhibit higher intensity in the ZZ
conformation compared with the XX configuration, suggesting
that the principal axis of the Raman tensor (PART) of this
vibration aligns preferentially along the tube axis.
In peptides, polypeptides, and proteins, the vibrational bands

arising in the 1200−1300 cm−1 region are typically attributed to
amide III vibrations. These bands correspond to the
combination of C−N stretchings, N−H in-plane bendings,
Cα-C stretchings, and CO in-plane bendings.31 The Raman
spectra of FF tubes show two main Raman bands in this
spectral region (Figures 1 and 2) at 1249 and 1290 cm−1. To
identify which of the two bands corresponds to the amide III
vibrations, we based the assignment of these bands on the
calculated spectrum of FF in water. A more detailed view of the
experimental and computed spectra in the 1200−1350 cm−1

region is presented in Figure 3 along with the schematic

molecular vibrations contributing to the bands in the computed
spectrum. The lower frequency band at 1236 cm−1 has strong
contributions from the amide III mode as well as Cα-H in-plane
bending. The higher mode at 1268 cm−1 corresponds to a
mixed vibration consisting of Cβ-H bending, Cα-H out-of-plane
bending, N−H in-plane bending, and Cα-Cβ stretching. On the
basis of this comparison, only the 1249 cm−1 band in the
experimental spectrum was assigned to the amide III vibrational
mode. It has been pointed out that the frequency of the amide
III band depends on the properties of the backbone and
peptide bond and conformation of peptides as well as hydrogen
bonding at the N−H and CO sites. According to Asher et
al.,32,33 the position of the amide III band can be correlated to
the Ramachandran dihedral Ψ angle, whereas the Ramachan-
dran Φ angle contributes much less to the frequency shift. The
observed low frequency of the amide III in the Raman
spectrum of the FF tubes (1249 cm−1) supports the strong
coupling between the N−H and Cα-H in-plane bending
motions, which is also indicated by the theoretical spectrum.
This strong coupling is consistent with the Ramachandran
dihedral Ψ angle of 157 observed in the X-ray data. For such
values of Ψ, the cis conformation of N−H and the Cα-H bonds
leads to an overlap of the van der Waals radii of the two H
atoms; therefore, the strong coupling between N−H and the
Cα-H in-plane bending can downshift the amide III frequency

Figure 2. AFM images of individual FF nano- and microtube and their
corresponding polarized Raman spectra. The polarization config-
urations are shown in the inset drawing.

Figure 3. Comparison between the measured and theoretical Raman
spectra in the 1220−1330 cm−1 range. The molecular vibrations
corresponding to the theoretical calculation are displayed on the right.
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by up to 100 cm−1.33 However, hydrogen bonding at either N−
H or CO sites can also lead to upshifts in the vibration
frequency of the amide III band. Compared with the amide I,
the amide III is equally affected by hydrogen bonding at N−H
and CO, with reported upshifts of 22 and ∼23 cm−1,
respectively.30

Because the high frequency of the amide I indicated no
hydrogen bonding at the CO, the 1249 cm−1 frequency for
the amide III can be attributed to hydrogen bonding at the N−
H suggested by the theoretical structure of the FF nano-
tubes.7,10 The polarization dependence of the amide III band is
noticeable in Figure 2 as the intensity in the XX configuration is
higher than in the ZZ configuration. Therefore, it can be
implied that the PART of the amide III vibration is likely
oriented perpendicular to the axis of the nanotubes.
In the case of peptides, such characteristics have been

intensively studied by Tsuboi et al.34−36 and Pajcini et al.,37 and
the localized polarizability tensors for the amide vibrations have
been obtained. However, it has been highlighted that the
tensors of various vibrational modes cannot always be
transferred between different peptide and protein struc-
tures.34−36 Previous work has showed that the tensor for the
amide I vibration maintains its shape regardless of its molecular
environment,34−36 but the transferability of the amide III tensor
has not yet been demonstrated experimentally. However,
considering the highly localized nature of this normal mode
of vibration, our quantitative analysis was applied to both amide
I and amide III vibrations, and it was based on the tensors
reported by Pajcini et al.37 These tensors were converted to
make their largest element (α3 normalized to unity) of PART
parallel to the z axis of the molecular frame, which correlates to
the laboratory Z axis (tube axis) through the Euler angle θ
(Supporting Information Figure S1). The elements of these
tensors for the amide I (1690 cm−1 and the amide III (1249
cm−1) are presented in Table 1 in the form of ratios r1 = α1/α3
and r2 = α2/α3.

The polarized Raman spectra in Figure 2 show that the
spectra corresponding to the ZX and XZ configurations overlap
almost completely, confirming that the conditions for using the
uniaxial model are satisfied. In addition, no significant
differences can be observed between the polarized Raman
spectra corresponding to nano- and microtubes with different
diameters. Figure 4 presents the calculated values of the ratios
RX and RZ corresponding to the 1249 and 1690 cm−1 Raman
bands for FF tubes with diameters ranging from 400 to 1700
nm. The markers present the averaged RX and RZ ratios of three
repeated measurements at the same positions on a tube. For the
amide I band, the mean values of RX and RZ for the nanotubes
(diameter 400−700 nm) were 1.0 ± 0.2 and 0.44 ± 0.08,
whereas for the microtubes (diameter 1000−1700 nm) the
values were 1.0 ± 0.1 and 0.33 ± 0.03. Similarly close results
were observed for the amide III, in which case the RX and RZ

were 0.5 ± 0.1 and 0.9 ± 0.2 for the smaller nanotubes and 0.40
± 0.05 and 1.0 ± 0.1 for the larger nanotubes. These results
indicate that no significant differences were observed between
the RX and RZ values between FF nanotubes with different
diameters.
When using Raman microspectroscopy with high numerical

aperture (NA) objectives in backscattering geometry, the
accurate calculation of the orientation parameters requires the
correction parameters A and B in eqs 2 and 3 of the the
Supporting Information. Following Turrell38 and Breḿard,39

for a microscope objective of NA = 1.2 and a typical refractive
index of 1.4 for proteins, the correction parameters were A =
5.018 and B = 1.528. (See the Supporting Information.) Figure
5 presents the calculated orientation parameters <P2> and <P4>
corresponding to the amide I and amide III Raman bands for
FF nanotubes. Similar values (within the experimental
uncertainties) were also obtained when using the Raman
tensor reported by Tsuboi et al.36 and when the refractive index
of the FF tubes was varied in the range 1.2 to 1.6. As expected
from the variability of the computed ratios Rx and Rz, the
orientation parameters for the group of larger diameters show a
significantly lower variability compared to the group of smaller
diameters.
The variability of the ratios is mostly attributed to the inferior

signal-to-noise ratio of the Raman spectra of the nanotubes,
which consequently increased the error in calculation of the
Raman bands. However, it is apparent that the mean values of
the orientation parameters are very similar for all tubes
regardless of diameters. The parameter <P2> in theory varies
between −0.5 and 1, and these extreme values correspond to
perpendicular and parallel orientations. The negative values of
<P2> corresponding to the 1249 cm−1 band (amide III) for all
FF nanotubes indicate that the PART is preferentially oriented
perpendicular to the axis of the nanotubes. In contrast, the
1690 cm−1 Raman bands are characterized by positive values of
<P2>, suggesting that their corresponding PARTs are aligned
predominantly along the nanotube axis.

Table 1. Raman Polarizability Tensors Used in the
Determination of Molecular Orientation for the Selected
Vibrations Observed in the Raman Spectra of Self-
Assembled FF Tubesa

band (cm−1) assignment r1 r2

1249 amide III −0.085 0.356
1690 amide I −0.016 0.274

aAll tensors were adapted from Pajacini et al.37

Figure 4. Rz and Rx intensity ratios for the amide III and the amide I
Raman bands.
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It has been shown that for a given <P2>, only certain values
of <P4> are possible given by the Schwarz’s inequalities.40 As
can be seen in Figure 5, the plots <P2> versus <P4> of the 1249
and 1690 cm−1 Raman bands exhibit the same trend of
scattering around the line <P4> = <P4>min. Values falling
outside the possible <P4> region are presumably due to the
variability in measurements and uncertainty of the parameters
used in the calculations (A, B, and the shape of localized Raman
polarizability tensors). In the case of <P4> = <P4>min, the
orientation distribution function represents a delta function
with a single peak at an angle given by41

θ = ⟨ ⟩ +⎜ ⎟⎛
⎝

⎞
⎠Parccos

2
3

1
30 2

1/2

Using the above equation, the orientation angle for the amide I
and amide III modes can be calculated as shown in Table 2.
The results from Table 2 lead to the conclusion that the FF

molecules that self-assemble to form tubes with diameters in
the 400−1700 nm have similar orientations for both the amide
I and amide III vibrational modes. The PART of the 1249 cm−1

band (amide III) creates the largest tilting angle (59 ± 5°),
whereas the PART of the 1690 cm−1 band makes 41 ± 4° with
the tube axis. As the PART corresponding to the amide I is

oriented at 33° from the carbonyl CO bond,37 the CO
bonds are predominantly oriented at 8 ± 4° to the tube axis
(Figure 6). This value is in good agreement with the predicted
angle in the proposed structure of the FF nanotubes.7,10

The orientation of the carbonyl CO can also be
determined from the amide III vibration. The calculated
PART makes an angle of 59 ± 5° to reference axis, whereas the
PART is oriented 59° from the CO bond (26° with the
PART of the amide I).37 This suggests that the carbonyl CO
should be oriented in the direction of 0 ± 5° to the nanotube
axis. Although this value is close to the value obtained from the
analysis of amide I, the difference can be attributed to the
significant contribution of the Cα-H in-plane bending to the
1249 cm−1 band as well as to the transferability of the tensor for
the amide III mode.

■ CONCLUSIONS
Raman microspectroscopy and AFM were used to investigate
the molecular interactions and orientation of FF molecules after
self-assembling into nano- and microtubes with diameters in
the 400−1700 nm range. The integration of the AFM and
Raman microscope allowed direct measurements on individual
FF tubes for which the diameter was accurately determined.
Calculations by DFT allowed the assignment of the 1249 cm−1

to the amide III vibration and indicated a strong coupling
between Cα-H and N−H bending vibrations. Information
regarding hydrogen bonding at the N−H and CO sites of the
peptide bond was obtained from the frequencies of the amide I
and amide III bands. The high position of the amide I (1690
cm−1) indicated that only the N−H was involved in hydrogen
bonding. The same conclusion was reached from the analysis of
the amide III band (1249 cm−1). These additional H bonding
interactions between the amide N−H and the carboxylate
groups of adjacent helices may contribute to the rigidity of the
tubular structures formed by FF molecules.
The orientation of the PARTs corresponding to the

dipeptide backbone, amide I and amide III, were determined

Figure 5. Scatter plots for the orientation parameters <P2> and <P4>
corresponding to the amide I and amide III vibration modes of the FF
nanotubes (diameters 400−700 nm) and microtubes (1000−1700
nm).

Table 2. Averaged Values for All FF Tubes of the Intensity Ratios RZ, RX, Orientation Parameters <P2> and <P4> and the Angle
(With Respect to the Nanotube Axis) of the PART Raman Polarizability Tensors Corresponding to the Amide III and Amide I
Modes

band (cm−‑1) RZ RX <P2> <P4> θ (deg)

1249 1.0 ± 0.2 0.5 ± 0.1 −0.1 ± 0.1 −0.6 ± 0.2 59 ± 5
1690 0.38 ± 0.08 1.0 ± 0.2 0.3 ± 0.1 −0.5 ± 0.1 41 ± 4

Figure 6. Schematic description of the FF tubes. The CO bonds are
not involved in H bonding and are predominantly oriented at 8 ± 4°
relative to the tube axis. The amide N−H interacts by H bonding with
the carboxylate group of the adjacent helix providing stability to the
tubular structure.
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based on the calculation of intensity ratios corresponding to
these bands in the polarized Raman spectra. The mean
orientation angles of the tensors were 41 ± 4 and 59 ± 5°
for the amide I and amide III respectively, which correspond to
orientation angles of the carbonyl CO bond of 8 ± 4 and 0 ±
5°. The small difference in the orientation angle of the CO
bond may be due to the contribution of the Cα-H vibrations to
the 1249 cm−1 band and the assumption that the tensor of the
amide III does not depend on the environment of the peptide
bond. These results are in good agreement with the molecular
structure proposed previously based on X-ray data obtained for
macroscopic crystalline specimens. Because no significant
differences were found between FF nano- and microtubes
with different diameters, these results may suggest that the
actual molecular configurations of the FF tubes are similar
regardless of the diameters and shapes of the tubes.
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